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Fluorescence M ethods to Probe Nanometer-Scale
Organization of Molecules in Living Cell Membranes

R. V. Krishnan,? R. Varma,? and S. Mayor?3

The ability to study the structure and function of cell membranes and membrane components is
fundamental to understanding cellular processes. This requires the use of methods which are capable
of resolving structures at nanometer-scale resolution in living cells. In this review we survey
fluorescence imaging methodol ogies capabl e of nanometer-scale resolution. Wethen critically exam-
ine specific biological applications of these methods, in the context of understanding membrane
protein conformation and dynamics, intracellular signaling, organization of lipid rafts, and cell

surface topol ogy.
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INTRODUCTION

Our understanding of the structural and functional
organization of living cell membranes has increased tre-
mendously due to the devel opment of various biophysical
tools to look at submicron length scalesin living cells. It
isincreasingly clear that no single experimental technique
will cover the entire range of length scales with equal
sensitivity and resolution, hence a number of techniques
are often used to study structure and function at different
biologically relevant length scales (Fig. 1). Conventional
light microscopy is sufficient to probe intercellular inter-
actions in an ensemble of cells like those in the environ-
ment of the extracellular matrix. However, to study the
organization of a few protein or lipid molecules, tech-
niques that will probe the nanometer scale are necessary.
Readlization of the need to probe submicron- or nanome-
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ter-scale organization of membrane components is the
premise of this review.

Although electron microscopy offers a spatial reso-
[ution of the order of afew nanometers, it cannot be used
for examining living specimens due to the demands of
working in a vacuum chamber with appropriately fixed
specimens [1]. Fluorescence microscopy, on the other
hand, offers anoninvasive meansto probe various physio-
logical processesin living cellsand tissueswith relatively
high spatial and temporal resolution [2]. This has been
made possible due primarily to the development and use
of nonperturbing fluorescent probes, capable of being
conjugated to biomolecules [3-5]. The ability to image
the intrinsic fluorescence of biomolecules such as the
green fluorescent protein (GFP) [6], phycobiliproteins
[7], or other endogenous small molecules such as seroto-
nin [8] has also greatly facilitated our understanding of
the organization of the componentsin cell membranes of
living systems.

In this review, we outline different fluorescence
imaging methods available to study submicron-level
organization of membrane components and their interac-
tions and provide examples for their applications in bio-
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Fig. 1. The resolution limit in various microscopy methods.

logical systems, and finaly, we conclude with a brief
mention of future perspectives.

FLUORESCENCE IMAGING METHODS

The spatial resolution (r) of alight (or fluorescence)
microscope is given by the Rayleigh criterion which is
a function of the wavelength (\) of light and numerica
aperture (N.A.) of the lens

r = 0.61M/(N.A) @

Thus, the resolution of conventional fluorescence micro-
scopes as well as the modern state of the art confocal
microscope (single- and multiphoton excitation) in two
dimensions is limited: ~250 nm for 550-nm excitation
light and a 1.4-N.A. objective lens [9]. Compared to
wide-field microscopes, confoca systems have an added
advantage, offering higher axial (z-axis) resolution (~500
nm) by eliminating out-of-focus contributions, allowing
three-dimensional (3D) reconstruction of fluorescent
images. This has allowed micron-scale resolution in
imaging of the distribution of molecules in 3D in living
cells [2]. However, various physiological and metabolic
processes in cells result from interaction between macro-
molecules on the length scales of a few nanometers. To
probe these interactions, it becomes necessary to extend
the resolution limit to the nanometer scale.

Extensions of fluorescence microscopy resolution
are based on utilizing the physical properties of fluores-
cence emission [e.g., fluorescence resonance energy
transfer (FRET)] [10] or optical innovationsinimproving
the resolution of the excitation source such as near-field
scanning optical microscopy (NSOM) [11,12], and total
interna reflection fluorescence microscopy (TIR-FM)
[13,14]. Figure 1 providesarelative scal e of theresolution
limit obtained using a variety of techniques.
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Fluorescence Resonance Energy Transfer (FRET)
M ethodology

FRET is aquantum mechanical property of afluoro-
phore resulting in nonradiative energy transfer between
the excited state of the donor fluorophore and a suitable
acceptor fluorophore via dipole—dipole interactions. The
energy transfer efficiency depends on the relative orienta-
tion and separation between the two transition dipoles as
well as on the overlap between the donor emission and
the acceptor absorption spectra. Figure 2 schematically
illustrates the orientational relationships and spectral
overlaps between the donor—acceptor pair in the FRET
process. More importantly, the transfer efficiency varies
inversely as the sixth power of the distance between the
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Fig. 2. Schematic depiction of the fluorescence resonance energy trans-
fer process. (A) Orientation of donor and acceptor transition dipoles.
The relative angle between the two transition dipolesis responsible for
the depolarization of fluorescence upon energy transfer. (B) Overlap
integral J(\)between the donor emission (Ep) and the acceptor absorp-
tion spectra (An). Ap and E, are the donor absorption and acceptor
emission spectra, respectively. Arrows depict the decrease in donor
emission and increase in acceptor emission intensities upon energy
transfer. Observation windows show excitation and emission wave-
length bandwidths for a typical imaging experiment, indicating the
potential for cross-talk between the different imaging channels. D,
donor; A, acceptor, exc, excitation; em, emission.
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donor and the acceptor, thereby serving the purpose of the
oft-quoted spectroscopic ruler in molecular interactions
[15]. The energy transfer efficiency is given by

E = [1{1 + (r/R)%}] @

where r is the distance of separation between the donor
and the acceptor fluorophore. R, (“Forster distance”) is
defined as that separation for which the energy transfer
efficiency is 50% and is calculated using the following
expression:

R,=879-105[n*- Q- k- JN]Y*A (3

where n is the refractive index of medium in the range
of overlap, Q is the quantum yield of the donor in the
absence of acceptor; and J(\) is the spectral overlap as
shown in Fig. 2B. k2 is the orientation factor, which
depends on the relative orientation of the two dipoles
(Fig. 2A) and is defined by

k2 = [cosBr — 3c0s8, - COSHp] 4

In general, this orientation factor can vary from O
to 4 but is usually assumed to be 2/3, a value correspond-
ing to a random orientation of the donors and acceptors.
Unlessexplicitly determined by measurements of fluores-
cence anisotropy [16], it is often erroneous to assume a
value for k2, since this may result in significant errorsin
the measurement of distances [17]. However, in some
biological situations it may not make a great deal of
difference [18]. Typically, R, varies between 1 and 10
nm for various pairs of fluorophores [15].

There are several consequences of this energy trans-
fer event, namely, (i) quenching of donor fluorescence
(Fig. 2B), (ii) sensitized emission of the acceptor (Fig.
2B), (iii) areduction in the donor lifetime, (iv) an increase
in the donor fluorescence emission anisotropy, and (v)
depolarization of the sensitized acceptor emission. The
design of a FRET experiment depends on which of the
consequences is being monitored [10,19].

Inthe simplest situation, the extent of donor quench-
ing may be taken as a good measure of FRET efficiency
and this can be calculated from the relative fluorescence
yield in the presence (Fap) and in the absence (Fp) of
the acceptor.

E=1— (Fan/Fp) ©)

For imaging purposes, this translates into collecting an
image of donor fluorescence and a separate image of
acceptor fluorescence. Theratio of donor fluorescence to
acceptor fluorescence is then compared to the ratio of
donor fluorescence to acceptor fluorescence collected
under conditions where there is no likelihood of FRET

between donor and acceptor. The use of ratio imaging is
particularly important since this will take care of local
variations of donor and acceptor fluorescence [20,21].
The extent of donor quenching may be quantified for an
entire cell or a given region of acell at light resolution.
One of the drawbacks of this approach is that both donor
and acceptor fluorescences are prone to quenching by the
environment of the cell or the subcellular organelle where
this phenomenon is being observed, leading to errone-
ous results.

Another experimental design to measure FRET
exploitsthe property of donor dequenching upon acceptor
photobleaching. First established by Jovin et al. [19] and
further extended by Edidin and co-workers [22,23], this
is a very useful technique, as it directly yields energy
transfer efficiencies and is generally unaffected by envi-
ronmental factors. Images of cells |abeled with a particu-
lar ratio of donor and acceptor are taken. Then the
acceptor is bleached using either a laser or an arc lamp
and another image of the donor, postbleaching, is col-
lected. Care should be taken to establish that the acceptor
is completely bleached and there is no phototoxicity of
this bleaching reaction. The extent of increase in donor
fluorescence postbleaching is used to calculate the energy
transfer efficiencies given by Eq. (5), where Fpp is the
fluorescence yield of the donor in the presence of and
Fp isthat after photobleaching of the acceptor. |mportant
considerations to be kept in mind are that the acceptor
should be sufficiently photolabile and the light source
should have a uniform light intensity output during the
time of collecting the donor fluorescence image pre- and
postbleaching. One way of overcoming the light intensity
variation is by normalizing the signal with respect to the
light intensity. Thisis quite easily achieved in a confocal
microscope. A donor fluorescenceimage is collected and
then the acceptor may be selectively bleached within a
smaller region of the field using the zoom function.
Images of donor and acceptor fluorescence are then col-
lected from the entire field, and the donor fluorescence
from cells wherein the acceptor has been bleached is
normalized to neighboring cells where the acceptor has
not been bleached (Fig. 3). The time required to bleach
most acceptors can be quitelong using conventional wide-
field illumination sources (5—7 min [19,24]), and hence
these measurements cannot monitor events in real time,
unless one has a very photolabile acceptor and high-
power laser sources which do not cause photodamage to
the tissues.

A frequently used means of detecting FRET is to
observe the sensitized emission of the acceptor [10, 25].
However, the efficiency of FRET is difficult to estimate;
the reader is referred to Ref. 25 for a detailed account of
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Fig. 3. Implementation of acceptor photobleaching methodology on the confocal microscope. Fluorescence images of a donor (Alexa-
568-1abeled-Mov18; A, B) in the presence of an acceptor (Cy5-labeled-Mov19; C, D) bound to folate receptors at the surface of Chinese
hamster ovary (CHO) cells, pre (A, C)- and post (B, D)-bleaching of acceptors within the indicated square. Note that only cells wherein
acceptor fluorophores are bleached (compare C and D) show enhanced donor fluorescence (compare the donor fluorescence in A and B
within the same sguare). For quantitative purposes, the average ratio of donor fluorescence pre- and postbleaching is calculated for all the
cells within the sguare and normalized to the ratio obtained for the cells outside the square. This normalization results in elimination of
fluctuationsin illumination intensity or other factors during the long photobleaching period. Mov 18 and Mov 19 are monoclonal antibodies
to the GPI-anchored folate receptor which recognize different epitopes on the receptor and hence are capable of binding the same receptor.

this calculation. Despite this drawback, the above method
has provided one of the first examples of FRET micros-
copy in living cells (see Table | in Ref. 19). Though
very straightforward in concept (Fig. 2B) and easy to

implement, this experimental paradigm hasalot of practi-
cal problems when used for imaging FRET. The choice
of the excitation and emission wavelength bandwidths is
critical. This is because the sensitized emission signal
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collected is a composite of fluorescence due to the direct
excitation of the acceptor at the donor excitation wave-
length, spillover fluorescence from the donor into the
acceptor fluorescence channel, autofluorescence, and,
finally, a contribution from the sensitized emission signal
(Fig. 2B). Corrections of “crosstalk” can become very
difficult and, if not done appropriately, may mask the
energy transfer signal completely [25]. Remova of
autofluorescence from the signa is also difficult. Nagy
et al. have recently described the use of multispectral
imaging to correct for the contribution of autofluores-
cence [26], and using GFP as a specia case, Billington
and Knight have extensively discussed techniques for
distinguishing specific fluorescence from autofluores-
cence [27]. A general rule of thumb is that the energy
transfer signal should be at least above 10-15% of the
total signal observed in the acceptor channel and be rela
tively free of cellular autofluorescence. The development
of new donor (e.g., lanthanides [28]) and acceptor (e.g.,
Cy5 [29]) fluorophores alows temporal and/or spectral
distinction between sensitized emission and other con-
taminating signals. Temporal separation of the lanthanide
fluorescence from other signals has been described
recently and is relatively easy to achieve, since lantha-
nides have amillisecond lifetime compared to most fluor-
ophores, which have a nanosecond lifetime [30]. Thisis
especialy useful because sensitized emission from lan-
thanides as donor fluorophores may be collected long
after the direct excitation acceptor emission has
decayed [28].

A consequence of FRET between spectrally distinct
donors and acceptors is that the fluorescence lifetime of
the donor species is reduced. The energy transfer effi-
ciency (E) may also be directly calculated from the fluo-
rescence lifetime of the donor in the presence (tap) or
absence (1p) of the acceptor as

E=1— (tan/m™) (6)

This may be directly measured via a recently evolv-
ing and powerful methodology called fluorescence life-
time imaging microscopy (FLIM) [31,32]. There are two
methods of measuring fluorescence lifetimes; a time
domain method and a frequency domain method. In the
time domain, fluorescence decays are directly measured
after exciting with a short pulse of light [31]. In the
frequency domain, the sampleisexcited with alight wave
whose intensity is oscillating sinusoidally at a range of
frequenciesin the region of the reciprocal of the lifetime
that isbeing measured. Thefluorescenceintensity emitted
will also be sinusoidally varying in intensity at the same
frequency but will have a different phase and amplitude.
The changes in phase and amplitude are used to calculate

the phase 7, and modulation 7y, lifetimes. These lifetimes
arethe sameif the sample comprisesonly asinglefluores-
cent species but will differ in samples that are heteroge-
neous or in which the single fluorescent species exhibits
more than one exponentia decay [32]. The main advan-
tage of the FLIM technique is that the FRET signal
depends only on the excited rate reactions and not on the
donor concentration or light path length. However, this
method requires a more involved instrumentation.

An indirect consequence of the change in excited-
state lifetimes is a reduction in the number of donor
fluorophores in the excited state. This reduces the rate
of photobleaching of the donor species, specifically inthe
presence of the acceptor species. This is a phenomenon
exploited by a method pioneered by Jovin et al. caled
photobleaching FRET (pbFRET), wherein the photo-
bleaching rate of the donor is measured. Application of
this methodology to FRET imaging has been described
extensively in a previous publication [19]. However, it
also involves the collection of multiple images to calcu-
late the rates of photobleaching over a relatively long
period of time [19,33].

Our laboratory has developed a different methodol-
ogy for performing FRET microscopy, termed D-FRET
[34]. This method utilizes another well-known conse-
guence of FRET, namely, concentration-dependent depo-
larization of fluorescence [35]. When donor fluorophores
are excited with plane polarized light and their rotational
diffusion times are longer than the lifetime of the fluoro-
phores, they emit fluorescence which is relatively polar-
ized [36]. However, if they transfer energy to neighboring
acceptors, due to the large alowed angular spread for
this transition [Eqg. (4); see aso Fig. 2A], there is an
extensive depolarization of the sensitized emission from
the acceptor. This method is also capable of monitoring
homotransfers between like fluorophores, since FRET
will cause a net decrease in emission anisotropy [37,38].
The efficiency of FRET in this case is given simply by

E=1—-(/r9 @)

where r and r © are the anisotropy (a measure of fluores-
cence polarization) of donor fluorescence in the presence
and absence of FRET conditions for the homotransfer
event, respectively. Equation (7) is valid only under the
simplest situations, where the sole reason for the change
in anisotropy may be attributable to nonradiative transfer
to other donor species, where excitation after leaving the
donor never returns to the same donor species, and where
there is no change in the donor lifetimes [37].
Instrumentation required for these measurements
can be easily implemented in a conventional microscope
with the proper placement and alignment of excitation and
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emission polarizers [34]. Since fluorescence anisotropy
is an intrinsic property of fluorescence emission, it is
independent of the light path and other environmental
effects that affect fluorescence intensity measurements.
A requirement of the D-FRET method is that the donor
fluorophore must have a nonzero value of anisotropy to
begin with, and the neighboring “acceptor” species must
have a relatively random orientation and/or some rota-
tional freedom to register sufficient depolarization of
fluorescence emission [38]. Fluorescence emission
anisotropy isalso sensitive to the viscosity of the environ-
ment and the mass attached to the fluorescent probe [36],
since these factors affect the rotational rates. In practice,
the determination of the actual transfer efficiencies by
this method may be complicated by several factors [37].

This method is particularly advantageous while
probing organizations such as small clusters at membrane
surfaces or in solution. When asingle fluorophoreis used
for labeling, every molecule is capable of being both
donor and acceptor, thusthe probability of FRET between
molecules in a small cluster is very high [38]. A large
variety of fluorophores should be capable of undergoing
D-FRET, thereby allowing the measurement of D-FRET
and Forster’s radii under different conditions. GFP has
recently been shown to be a suitable probe for D-FRET
(Sharmaet al., manuscript in preparation [39,40]), provid-
ing a useful tool to study the organization of many GFP-
tagged proteinsinside cells at nanometer-scal e resol ution.
In addition, this methodology may be used to study the
interaction of two or more proteins (see Fig. 4). It should
also be possible to implement these measurements in a
confocal arrangement, allowing visualization of nhanome-
ter-scale interactions between proteins in intracellular
compartments [40]. It should be noted that anisotropy of
fluorescence emission is sensitive to the mode of excita-
tion; single- and multiphoton excitation may result in
different anisotropy values [41].

Excitation Resolution Enhancement

Another means of increasing the resolution is to
reduce the extent of spread of illumination intensity at
the excitation side by exploiting the wave properties of
light near a surface. These methods have resulted in two
types of microscopy, namely, total internal reflection fluo-
rescence microscopy (TIR-FM) and near-field scanning
optical microscopy (NSOM).

In TIR-FM, an imaging methodology pioneered by
Axelrod and co-workers (reviewed in Ref. 14), an electro-
magnetic wave isincident at the critical angle (or greater)
on an interface between two media of differing refractive
indices so that the wave istotally internally reflected into
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the medium with a higher refractive index (Fig. 5). In
biological applications, thisinterface can be that between
the cell and its substrate or that between the cell surface
and water. This surface-specific evanescent wave has a
well-characterized penetration depth—typically of the
order of A\/10 to A—and an exponentially decaying inten-
sity that depends on the relative refractive index and
incident angle [14]. This method, therefore, provides a
way to excite selectively fluorescent molecules located
at the interface of two regions having different refractive
indices. Fluorescence emission is detected by conven-
tional optics. A major advantage of this method is that
it may be implemented with simple instrumentation that
includes high-NA objectives and a suitably positioned
laser source in an ordinary inverted epifluorescence
microscope [14]. An aternative approach isto useaprism
instead of the objective lens to provide a TIR excitation
as pioneered by Axelrod and co-workers [42] (see Fig.
5). One drawback of this method is that while it enhances
resolutioninthezdirection, itislimited by light resolution
inthe x—y plane, albeit with very low out-of-focus contri-
butions from fluorophores situated at | arge distancesfrom
the reflecting surface.

NSOM combines scanning probe imaging and near-
field fluorescence excitation [12,43]. The heart of an
NSOM system is the narrow aperture, usually the sharp-
ened tip of an optical fiber, which serves asalight source
for subwavelength illumination and a scanning system
similar to that of an atomic force microscope (AFM).
When an el ectromagnetic wave emerges from this narrow
aperture, it is confined to the near field (10—100 nm) of
the aperture. Among several approaches that have been
adopted for producing subwavelength illumination, one
successful approach has been to use a metal-coated glass
micropipette with an inner diameter of less than 50 nm.
An important feature of NSOM is that it couples both
enhanced spatial resolution of probing microscopies and
measurement of topographic and optical signals [44].
Disadvantages of this method are poor light throughput
from the restricted aperture, the instrumentation required
to operate a near-field scanning stage or probe, and the
difficulty in manufacturing reliable scanning tips repro-
ducibly [45]. Furthermore, applications to imaging in
living cellshave been limited, possibly dueto theinherent
difficulty involved [43].

Recently Klar et al. showed that the diffraction-
limited resolution barrier may be surpassed by the simul-
taneous stimul ated emission depletion (STED) of fluoro-
phores to shape the point spread function (PSF) of an
excitation pulse [46]. In this method two synchronized
laser pulses are employed: one is an excitation pulse
in the blue region of the excitation spectrum of the
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Fig. 4. Use of the D-FRET method to probe interactions between two proteins. cDNA for GPl-anchored folate receptor (FR-GPI) was transfected
into CHO cells expressing variable levels of GPI-anchored decay accelerating factor (DAF). The relative ratio of expression of the DAF and FR-
GPI (A) was determined by measuring the fluorescence intensities of Cy5-conjugated Fab fragments of monoclonal antibody IA10 against DAF
and PLF, respectively. The fluorescence emission anisotropy of PLF-bound FR-GPI (B) was determined and images of the same were pseudo-
colored and printed as described in Ref. 34. Average values of emission anisotropy of PLF-labeled FR-GPI were obtained from cells exhibiting the
same relative ratio of expression of the two proteins and plotted against the indicated ratios (C). Note the increase in anisotropy of PLF-labeled
FR-GPI with the increase in relative expression levels of DAF. These observations are consistent with the possibility that the distance between
individual FR-GPI species is being increased by the presence of “interacting” DAF species. The arrow denotes the value of anisotropy of PLF-
labeled FR-GPI in CHO cells expressing very low levels of other GPI-APs.

fluorophore, and the other is the STED pulse at the red
edge. In the STED process, fluorophores in the outer
rim of the focal spot are forced to an upper vibrational
level of the ground state, and their ultrafast vibrational
decay is exploited to quench the fluorescence from the
rim. The time duration of the STED pulses is consider-
ably longer (~40 ps) than that of the excitation pulse
(~0.2 ps) so that the quenched molecules are deprived
a chance to get reexcited by the excitation beam. The
placement of a A\/2 phase plate (smaller than the beam
diameter) in the path of the STED excitation laser beam
ensures that the STED pulses destructively interfere at
the focus and deplete the fluorophores emission only at
the outer rim, thereby generating fluorescence focal
spots of a substantially reduced extent and, conse-
guently, increasing the optical resolution. Thus, the
authors achieved a sixfold increase in axial resolution
and a twofold increase in the lateral direction [46].
Images of live cell membranes were obtained with this
method and a clear contrast was brought out with con-
ventional confocal images. However, refractive index
mismatches among the cell, the medium, and theimmer-
sion liquid of the objective reduced the extent of PSF
shaping envisaged. Furthermore, there is a potential for
significant photostresson thelive cellsaswell as bleach-
ing of fluorophores due to direct excitation of fluoro-
phores by the STED pulse.

Diffusion Methods

The above techniques demonstrate an improvement
of optical resolution by tampering with the photophysics
of emission or excitation. On the other hand, diffusion
characteristics of the components of the cell membrane
also reveal information regarding their organization on
the nanometer scale [47]. These methodol ogies often (but
not always) employ fluorescence and imaging technology
to monitor diffusing species. Fluorescence recovery after
photobleaching (FRAP), single (fluorescent)-particle
tracking (SPT), and fluorescence correlation spectros-
copy (FCS) are examples of these methods. While these
methods are beyond the scope of this review, the reader
is referred to a number of reviews and publications in
this area [47-50].

BIOLOGICAL APPLICATIONS

In this section, we review biological situations
where different fluorescence imaging methods outlined
above have been applied to probe the organization of
membrane components with nanometer spatial resolu-
tion. We have restricted ourselves to recent applications
that focus on imaging situations encountered in mem-
branes of cells.
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Fig. 5. Schematic of total internal reflection fluorescence microscopy (TIR-FM). (A) Schematic of objective-type TIR-FM. The laser beam is made
to enter an objective of a high numerical aperture from the edge of the objective. (B) In prism-type TIR, a prism is placed at the edge of two fused
coverdips with immersion ail. The laser beam entering via this prism is totally internally reflected. (C) Typical waveformsin a TIR phenomenon.
1(2) is the intensity along the z-axis, and d is the penetration depth of the evanescent wave in the aqueous medium. The green edge of the cells

shows the regions of the cells which are excited by the evanescent wave.

Membrane Protein Conformation and Receptor
Organization

Although the resolution obtained by X-ray diffrac-
tion methods is much higher than that obtained using
FRET methods, FRET is an ideal method to study pro-
tein conformational studies of membrane proteins under
physiological conditions. These methods have been
extensively exploited to provide a detailed understand-
ing of protein orientation and conformation in solution
(reviewed in Refs. 29, 51, and 52).

Intermsof studying subnanometer-scale conforma-
tional changesin membrane proteins, ion transport pro-
teinshave served asclassic exampl e of thistype of FRET
application in vivo. lon transport across membranes in
the case of the voltage-gated potassium channel which
is made up of four homologous subunits, each of six

transmembrane segments, is proposed to involve signifi-
cant conformational changes in the voltage sensor seg-
ments, $4, and the S2 segments [53]. Glauner et al.
addressed the problem of defining the structure and
motion of each voltage-sensing domain by distance
measurements using FRET [54]. They determined pho-
tobleaching rates of donor fluorophores in the presence
and absence of acceptor fluorophores, introduced by
site-specific labeling of single cysteine residues intro-
duced at identical sites on each subunit with fluorescein
(donor) or rhodamine (acceptor) maleimide. This was
coupled with the measurement of photobleaching rates
in the open and closed states of the channel. The change
in distance observed from the FRET measurements is
consistent with a twisting motion of the voltage-sensing
segments during gated opening. Real-time measure-
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ments of donor quenching and dequenching show that
changes taking place in milliseconds are consistent with
a helix that twists during channel opening. A separate
study using lanthanide-based FRET detected atomic-
scale (~3- to 4-A) movements of the same voltage-
sensing regions in the potassium channel [55]. This
method exploited the long lifetime of the lanthanide
donor fluorophore and measured donor lifetimes in the
presence of an acceptor, by determining the lifetime of
the sensitized emission in the microsecond region. They
also measured intersubunit distances as a function of
voltage, revealing that voltage-dependent movement of
the subunits coincided with the gating charge movement
for the same channels, thereby indicating aclose correla-
tion between the two.

Acetylcholine receptors (AChR) are ligand-gated
ion channels consisting of four types of subunits assem-
bled as a pentamer (reviewed in Ref. 56). Barrantes and
coworkers have analyzed the membrane environment of
the protein in AChR-rich torpedo membranes using an
elegant FRET-based methodology [57]. Using the sensi-
tized emission of an environment-sensitive lipophilic
membrane probe, laurdan, by the excitation of intrinsic
tryptophan donor fluorophoresat 290 nm, they wereable
to study the properties of the membrane environment
in proximity to the protein. They showed that FRET-
sensitized laurdan emission detects a lipid order which
differs structurally and dynamically from the bulk lipid
order in terms of polarity and molecular motion. These
types of studies can be easily extended to fluorescence
imaging applications in living cells. Coupled with the
selective introduction of fluorescent donors using site-
directed mutagenesis and chemical coupling of small
fluorophoresin situ [58], these techniques have tremen-
dous potential for exploring the organization and struc-
ture of membrane proteins.

Another level of reorganization of membrane pro-
teinstakes place upon receptor—ligand interaction. Often
receptor ligation leadsto asubstantial changein receptor
protein confirmation or subunit reorganization leading
to the endocytosis of the receptor, activation of signaling
cascades, and other biological consequences. Since
receptor—ligand complexes usually begin as small clus-
ters of nanometer sizes, they cannot be visualized by
conventional fluorescence microscopy until they grow
torelatively large clusters. The potential of FRET meth-
ods in such studies is amply demonstrated by the fact
that numerous reports have used this technique as the
method of choice to study protein dynamics at the cell
surface ([59,60]; see also Table | in Ref. 19).

Recently, Szollosi et al. have reviewed the use of
FRET to determinethe cell surface distribution of hema-

topoietic clusters of differentiation moleculesusing flow
cytometry [61]. Although flow cytometric studies pro-
vide average information from single cells, the distribu-
tion of these values has provided statistical information
to infer distances between fluorescently labeled donor—
acceptor pairs of Fab fragments or intact monoclonal
antibodies against specific proteins. Flow cytometric
FRET measurements of sensitized emission have been
undertaken to investigate the topological distribution of
transferrin receptor relative to the heavy and light chains
of HLA class | molecules, class Il molecules, and
interleukin receptors (Figs. 3 and 4 in Ref. 61). A
detailed flow cytometric FRET study has suggested the
existence of class | HLA dimers and oligomers at the
surface of live human cells in the work of Gaspar et al.
[62]. In this study an integrated approach of computer
modeling based on high-resolution structural informa-
tion from X-ray crystallographic data and steric posi-
tioning from FRET-based measurements on membrane-
bound HLA-1 molecules in live cells has led to 3D
models of supramolecular organization of class | HLA
molecules under physiological conditions.

A significant advancement in understanding the
specificity of interleukin receptor ligand ligation and
signaling has been provided by elegant studies on the
interleukin 2 (IL-2) receptor assembly by Damjanovich
et al. [63]. The IL-2 receptor is a multisubunit receptor
consisting of «, B, and y chains. FRET measurements
in terms of sensitized emission between FITC- and Cy3-
conjugated monoclonal antibodies against «, B, and y
receptor subunits in pairwise combinations have
reveal ed that the receptor subunitsare already assembled
as atrimer inresting T cells. However, the binding of
relevant interleukins (IL-2, IL-7, and IL-15) modul ates
the relative organization of these subunits, providing an
explanation of cytokine-specific signaling. In contrast,
FRET measurements using similar FRET pairs, FITC-
and Cy3-conjugated antibodiesto the IL-1 receptor, sug-
gest that the IL-1 receptor undergoes agonist (IL-1)-
dependent receptor assembly essential for signal trans-
duction; antagonists do not cause this reorganization
[64].

Flow cytometric FRET analyses by sensitized
acceptor emission measurements are an extremely pow-
erful method to ook at cell surface-averaged nanometer-
scaleinteractions. Thisisdue mainly to the possibility of
obtaining statistically large numbers of cellsfor analysis
[61]. However, spatia information at the level of the
cell membrane or subcellular compartment is not avail-
able by this methodology. A combination of fluores-
cenceimaging and FRET providesasolution to studying
these interactions at least at light resolution. Bastiaens
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and Jovin have employed such a strategy to study the
aggregation state of the epidermal growth factor (EGF)
and EGF receptor (EGFR) [33]. They have used photo-
bleaching FRET microscopy and FLIM using fluoresce-
in- and rhodamine-labeled EGF (as donor—acceptor
pairs, respectively) bound to EGFR. These studies sug-
gest that high-affinity EGF may in fact bind to a predi-
merized state of EGFR.

At even higher resolutions, Sako and co-workers
[65] have utilized single-molecul e fluorescence method-
ology to study interactions between the same receptor—
ligand pair. They have used a combination of TIR-FM
to detect intensity fluctuations of single molecules of
Cy3-labeled EGF and the FRET pair, Cy3- and Cy5-
conjugated EGF, at single-fluorophore resolution to
study ligand-induced receptor dimerization. In thisstudy
they were able to observe selectively fluorescence from
the basal or apical surfacesof cellsattached to asubstrate
by varying the angle of the incident laser beam in an
epiillumination arrangement (Fig. 5A) to generate the
evanescent excitation. Combined fluorescence intensity
measurements and FRET measurements at the single-
molecule level have shown that EGF binds more effi-
ciently to EGF—(EGFR-EGFR), consistent with the
notion that EGF binding results in the dimerization of
the receptor [33]. In conjunction with FRET, further
studies at the single-molecule level are also likely to
reveal the conformational dynamics and activity of
EGFR dimers. These approaches are easily extended to
other receptor ligand pairsand will be particularly useful
in understanding the mechanism of receptor internaliza-
tion following subunit reorganization or clustering. It
will be particularly interesting to correlate nanometer-
scale rearrangements of receptors with hot spots for
clathrin-mediated internalization [66].

Signal Transduction

Elucidation of signaling pathways and interactions
between downstream components involved in signaling
cascades have only recently come under the purview of
nanometer-scale resolution in living cells. Since such
molecular proximities can be easily probed by FRET,
measurements in living cells have revealed a variety of
kinetic and spatial information regarding protein—
protein interactions, enzymatic activity, and sensing of
second-messenger levels. Here we describe some exam-
plesfrom each type of assay. Where available, examples
of GFP-based FRET sensors of intracellular biochemis-
try are also presented (also reviewed in Refs. 67 and 68).

Once again, the interaction of EGFR withitsligand
has served asagood biological model system since many
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of the downstream components of the EGFR signaling
cascade are already known. Following receptor activa-
tion by EGF binding to EGFR, signaling is initiated
through the mitogen-activated protein (MAP) kinase
pathway. Thefirst step is activation of the receptor tyro-
sine kinase activity followed by the interaction of EGFR
with the SH2 domain of the growth factor receptor bind-
ing protein, Grb2. Thisin turn initiates a signaling cas-
cade via the Ras and MAP kinase pathway. FLIM has
been used to study the activity of the receptor tyrosine
kinase EGFR [69], wherein phosphorylation of EGFR
was monitored using FRET between GFP-EGFR and
Cy3-labeled antiphosphotyrosine antibodies. In the
absence of EGF stimulation, EGFR—-GFP was distrib-
uted on the plasma membrane and anti phosphotyrosine
immunostaining was localized to punctate structures at
the cell periphery. Although GFP—-EGFR was present on
the plasma membrane, no FRET was observed between
GFP-EGFR and Cy3-antiphosphotyrosine located in
punctate structures on the plasmamembrane. Upon stim-
ulation with EGF, Cy3-antiphosphotyrosine staining co-
localized with GFP-EGFR in membrane ridges and
punctate endosome-like structures. Increased FRET,
resulting in decreased GFP fluorescence lifetimes, was
observed from these structures. There was variation in
the extent of FRET measured in the various punctate
structures containing phosphotyrosines, as they could
represent the presence of other phosphorylated proteins.
No change in GFP lifetime was observed from GFP
present in the golgi and the perinuclear regions. As
another control for the change in fluorescence lifetime,
the authors photobleached the acceptor and showed that
this resulted in uniform GFP fluorescence lifetimes
across the entire cell.

Spatialy resolved activation of another receptor
tyrosine kinase belonging to the EGFR family, ErbB1,
has also been studied by measuring GFP fluorescence
lifetimes as an indicator of FRET between GFP—ErbB1
and Cy3-Fab—antiphosphotyrosine [70]. Upon EGF
stimulation by EGF or EGF-coated beads in living cells
expressing GFP-ErbB1, microinjected with a Cy3-
labeled Fab fragment of antiphosphotyrosine antibody,
there is a reduction in GFP lifetimes across the entire
cell surface. The spatia distribution of the FLIM data
(FRET signal) provided evidence for a new signaling
mechanism involving aligand-independent lateral prop-
agation of receptor activation in the plasma membrane.

Interaction between Grb2 and EGFR has also been
studied using FRET methodology [71]. Thishasallowed
the visualization of spatiotemporal regulation of EGFR—
Grb2 interactions on a pixel-by-pixel basis using the
FRET pairs, cyan fluorescent protein (CFP) (fused to
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EGFR) and yellow fluorescent protein (YFP) (fused to
Grb2); YFP-Grb2 was transiently expressed in cells
stably expressing CFP—EGFR. Upon EGF stimulation,
EGFR-CFP and Grb2-YFP colocalized in membrane
ruffles and small vesicular structures. At later times the
two proteins became concentrated in large perinuclear
endosome-like vesicles. FRET was measured as sensi-
tized emission of the acceptor, YFP-Grb2. Very weak
FRET was detected in unstimulated cells; the signal
increased dramatically upon stimulation, especially in
the membrane ruffles and early endosomes and, later,
in the perinuclear region, indicating the interaction
between EGFR and Grb2 upon stimulation with EGF.
In the study of a different signaling system, Dever-
otes et al. [72] have used FRET to understand signaling
mechanisms of G-protein-coupled CAMP receptors in
chemotacting and migrating Dictyostelium. They fused
the Ga, subunit of the G-protein to CFP and the Gg
subunit to YFP and studied the rapid association and
dissociation of G-protein heterotrimers in response to
the chemoattractant CAMP. CFP and YFP form a very
useful energy transfer pair, and significant energy trans-
fer was detected between CFP and Y FP on unstimul ated
cells placed in a fluorimeter, a shoulder peak on the
emission of CFP was observed which corresponded to
the emission of Y FP when CFP alone was excited. Upon
stimulation with cAMP, this sensitized emission signal
was abolished, indicating the dissociation of the two
subunits which happens during signaling via G-protein-
coupled receptors. The persistent activation of the G-
protein cycle as measured by a reduction in the extent
of FRET during times of “adaptation” to high levels of
CAMP reveals a new twist to mechanisms of G-protein-
coupled signal modulation. Although these observations
were also confirmed using a fluorescence microscope,
spatially resolved analyses remain to be performed and
are likely to reveal interesting subcellular insight into
the localization of G-protein signaling mechanisms.
Protein kinase C-a (PKC-a) activation in live and
fixed cells has also been visualized using FLIM [73].
In an earlier approach, Bastiaens and Jovin [33] had
demonstrated that purified PK C subunits may befluores-
cently labeled in vitro, reintroduced back into cells, and
their activation studied using FRET. In their recent study,
they show that upon activation with tetradecanoylphor-
bol acetate, PKC-a is phosphorylated on threonine-250.
Two antibodies, a site-specific antiserum to phosphory!-
ated threonine-250 conjugated to Cy5 and an antibody
to PKC-a (MC5) conjugated to Cy3, were used as FRET
pairsto look at PKC-a activation in cells fixed postacti-
vation. In living cells expressing GFP-tagged PKC-q,
a Cy3-labeled antiserum to phosphorylated threonine-

250 was microinjected. A decrease in the donor lifetime
of GFP in the case of live cells and that of Cy3-MC5
inthe case of fixed cellswas measured. Upon activation,
most of the decrease in donor lifetime, hence increased
FRET, was observed from the plasma membrane and
vesicular structures in the cytoplasm. PKC-a has also
been implicated in integrin-mediated spreading and
migration. Complexes of activated 3,-integrin and PKC-
o were observed using FLIM [74]. GFP—PKC-a and
Cy3-labeled 12G10 (an antibody against activated ;-
integrin) were used as FRET pairs. In unstimulated cells
decreased donor lifetimes were observed in the interior
of the cell with a punctate pattern of unaltered GFP
lifetime at the cell periphery. Upon stimulation with
TPA, increased FRET was observed between PKC-«
and activated B-integrin all over the cells, which mani-
fested in a further decrease in the GFP lifetime. A
reduced and less frequent interaction was observed
between GFP—PK C-a and nonactivated (3;-integrin.

Spatial and temporal activation of Rho-family
GTPases, for example, Rac, in living cells was recently
observed using a FRET-based methodology. An Alexa-
546 fused biosensor termed FLAIR (fluorescenceactiva-
tion indicator for Rho proteins) [75] was made from
p21-activated kinase 1 (PAK 1), which binds specifically
toRacinitsactivated GTP-bound form. The p21 binding
domain (PBD) wasfused to Alexa-546 viaan engineered
cysteineand was microinjectedinliving cellsexpressing
GFP-Rac. FRET was measured as the sensitized
emission of the acceptor Alexa-546-labeled PBD, upon
excitation of the donor GFP. Activating Swiss 3T 3 fibro-
blasts with serum or PDGF causes them to produce
membrane ruffles. Although GFP—Rac fluorescence was
observed in the nucleus as well, specific Rac activation
indicated by an increased FRET signal was observed
only in the membrane ruffles, and not in the nucleus.
This suggeststhat Rac is active only where thereislocal
actin reorganization. A gradient of Rac activation is
observed in migrating cells relative to the direction of
movement.

A FRET-based assay for the agonist-induced phos-
pholipase C31 (PLC81) has been described recently
[76]. In this study, the authors constructed a probe to
study inositol lipid dynamics by expressing a
phosphorylated inositol binding pleckstrin homology
(PH) domain tagged with CFP and YFP. This donor—
acceptor combination exhibits significant CFP-donor
guenching due to FRET when localized to membranes.
Activation of PLC31 with agonists of G-protein-coupled
receptors causes the hydrolysis of phosphorylated inosi-
tol lipids, causing the release of the labeled PH domains
into the cytosol. Thisincreases their intermolecular sep-
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aration by 200- to 1000-fold, resulting in an increase in
the CFP/YFP fluorescence ratio and, thereby, serving
as areliable indicator of PLC31 activation.

FRET has been used to mark synaptic activity in
dendritic spines [77]. A large but transient change in
intracellular calcium occurs upon the induction of stable
changes in synaptic strength. Calpain, a calcium-sensi-
tive protease, is activated in neurons in response to
pharmacological stimulation of glutamate receptors as
well as after patterns of afferent stimulation leading to
long-term potentiation (LTP). Exploiting the fact that
calpain is activated in stimulated neurons, a construct
was engineered which contained a p-calpain substrate
(apeptide derived from «-spectrin) sandwiched between
CFP and YFP. A PDZ domain was also engineered in
the construct to localize it to postsynaptic densities. By
measuring the decrease in sensitized emission due to
FRET, individual dendritic spines showing increased
calpain activity in response to glutamatergic agonists
were identified.

FRET methodology has also provided a number
of sensors of important second messengers involved
in signaling pathways, including Ca?* and cAMP. The
FRET-based sensor for calcium isreferred to as“ camel-
eon” [78,79]. It is a fusion protein consisting of CFP
(or BFP) fused to calmodulin, the calmodulin-binding
peptide, M13, and an enhanced GFP or YFP. Binding
of calcium makes calmodulin wrap around the M13
domain, thereby increasing FRET between the two GFP
molecules at the two ends. This provides the capacity
to measure calcium concentrations in the 10 nM to 10
mM range with different calmodulin mutations [78].
These types of cameleons have been used to measure
the concentration of calcium at the surface of secretory
granules during exocytosis [80]. Recently, a similar
GFP-based sensor has been engineered to detect cGMP
levelsin cells [81]. The role of metalothionein (MT) in
nitric oxide signaling was demonstrated using a similar
principle, where metalothionein was fused to two GFP
moi eties and metal release from it resulted in decreased
FRET between the fused proteins due to a conforma-
tional change in MT [82]. Another FRET-based sensor
for measuring cCAMP signaling pathway consists of a
CAMP-dependent protein kinase in which the catalytic
(C) and regulatory (R) subunits are each labeled with a
different fluorescent dye such as fluorescein or rhoda-
mine capable of FRET. When cAMP molecules bind
to the R subunits, the C subunits dissociate, thereby
eliminating FRET [83]. Measurement of this dissocia-
tion by FRET provides an elegant way of monitoring
local intracellular CAMP concentrations as well as the
extent of kinase activation in intact cells [84,85].
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These reports amply demonstrate the power of
FRET techniquesto resolve spatially the catalytic activ-
ity of fluorescently tagged proteinsinside live cells and
also to determine the functional state of proteinsin fixed
cells and tissues.

Lipid Microdomains or Rafts

Lipid microdomains or “rafts’ enriched in choles-
terol and sphingolipid have been hypothesized [86] to
exist in the membrane of living cells. They have been
proposed to explain the observation that many signaling
and sorting properties of membrane proteins and lipids,
including glycosyl phosphatidylinositol-anchored pro-
teins (GPI-APs), are modulated by altering the choles-
terol and sphingolipid levels. However, these lateral
heterogeni eties have been difficult to visualize by means
of fluorescence microscopy and electron microscopy
(reviewed in Ref. 87). The elusive nature of these rafts
may be related to the lack of suitable methodology to
visualize nanometer-scale organization in living cell
membranes, since lipid microdomains are predicted to
be submicron-sized entities [88]. To probe these
domains, FRET techniques have served as a useful bio-
physical tool. Varma and Mayor have demonstrated the
existence of a clustered organization of GPI-APs by the
use of D-FRET microscopy [34]. Using this method,
they measured the extent of homotransfer between GPI-
anchored and transmembrane-anchored isoforms of
folate receptors bound to a fluorescein-conjugated ana-
logue of folic acid, Na-pteroyl-Ne-(4'-fluorescein-thio-
carbamoyl)-L-lysine (PLF). They found that the extent
of energy transfer of the GPI-anchored folate receptor
isoform was independent of the fluorophore density,
consistent with submicron-sized clusters at the surface
of living cells. Furthermore, these clusterswere sensitive
to cholesterol levelsin cells. In contrast, the transmem-
brane isoform where the anisotropy was found to be
dependent on concentration was insensitive to choles-
terol levels. Using thismethodology it can also be shown
that more than one kind of GPI-anchored protein can
become part of the same cluster at the cell surface
(Fig. 4).

In two separate studies, Kenworthy et al. [22,89]
employed the acceptor photobleaching methodology to
measure FRET between Cy3- and Cy5-labeled Fab frag-
ments against different GPI-APs, including the folate
receptor and 5'-nucleotidasein MDCK cells. They found
that the energy transfer efficiency was correlated with
the density of proteins in cells and thus inferred that
these proteins were not clustered and may be randomly
distributed [22]. However, it is likely that if lipid rafts
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aresmall and only asmall fraction of proteinsis present
in these structures [88], the FRET signal measured by
acceptor photobleaching signals may be swamped out
at low densities of GPI-AP expression due to a dilution
effect by endogenous GPI-APs or other raft components
(Edidin, 2001, www.stke.org [39] (Fig. 4). Hwang et
al. have used NSOM to investigate the organization of
BODIPY-PC-labeled plasmamembranes of fixed human
skin fibroblasts and they detected patchiness of the fluo-
rescence in images which were consistent with the sizes
of membrane domains estimated earlier by FRAP meas-
urements [43].

Supportive evidence for lipid domains also comes
from diffusion measurements such as FRAP, SPT
(reviewed in Refs. 47 and 88) and photonic force micros-
copy [90]. Despite these methodologies exploiting
FRET and NSOM and the large number of diffusion
studies to provide evidence for the existence of lipid
domaing/rafts, the structure and function of these rafts
in biological contexts remain an open question [91,92].

Cell Surface Topology and Dynamics

The study of the cell surface and its topology by
fluorescenceimaging methodsislikely to benefit greatly
from the application of NSOM methodology. Enderle
et al. have described the use of NSOM to map and
detect simultaneously colocalized proteins within the
membrane of a fixed and air-dried malaria parasite-
infected red blood cell, with aresol ution greater than that
of aconfocal microscope [93]. Using spatial correlation,
these studies revealed the association of the parasite
proteins with host skeletal proteins on the red cell mem-
brane. In another study, Subramaniam et al. combined
imaging with both NSOM and FRET at the surface of
epidermoid carcinomacells[44]. They demonstrated the
possibility of studying interactions between a receptor—
ligand pair on a highly localized spatial scale (10—-100
nm), coupled to the high-resolution mapping of surface
topography by using a readout of the force field. Other
measurements using the NSOM technique include mem-
brane-specific mapping and accurate localization (up to
10- to 100-nm resolution) of the proteins and probing
surface domains of the plasma membrane in fixed and
dried human skin fibroblasts [43]. However, measure-
ments in membranes of living cells and tissues are yet
to be realized with aresolution higher than that obtained
with confocal excitation [43].

In a recent study, AFM and TIR-FM have been
combined for the study of force transmission in endothe-
lial cells[94]. Variable-angle TIR-FM experimentswere
conducted in an inverted microscope configuration and

actin filamentswere stained with rhodamine—phalloidin.
Elastic moduli systematically decreased from the
nucleus (~7.2 kPa) toward the cell body near the surface
(~1.27 kPa), suggesting that the nucleus is stiffer than
therest of the cell body. An AFM tip was used to produce
local stress (0.3-0.5 nN) in the apical surface and TIR-
FM was employed to excite fluorescence in the basal
membrane of the cells. Apparently, there seem to be
global focal contact rearrangements in response to these
local applied forces. Significant changes occurred in
cell—substrate contactsin position and focal contact dis-
tribution when these localized forces were removed.
This study, although carried out in fixed cells, demon-
strates the pattern of force transmission from the apical
surface to the basal surface in an adherent cell system,
although it could not show the direct contribution of the
cytoskeleton in such force transmission [94]. Another
demonstration of multiple-angle TIR-FM isin mapping
fluorophore distributions in 3D in living cells by
obtaining images at multiple incident angles [95]. Theo-
retical analysis was developed in this study to compute
the fluorophore z-distribution by inverse Laplace trans-
form of angle-resolved intensity functions. The potential
of probing at nanometer resolution at the cell—substrate
contact regions was shown for fibroblasts and epithe-
lial cells.

An important attribute of TIR-FM, asin any other
guantitative fluorescence imaging method, is that the
steady-state fluorescence is proportional to the surface
density of molecules. Thus, information regarding the
real-time dynamics of surface fluorophore distribution
may be obtained with an extremely high z-resolution.
In two separate studies, Schmoranzer et al. and Toomre
et al., respectively, have utilized this property to image
the final stages of constitutive exocytosis of a GFP-
tagged membrane protein, VSV-G, at ahigh axial resolu-
tion (~70 nm) and a good temporal resolution (30
frames/s) using objective-based TIR-FM [96] or prism-
based TIR-FM illumination, conditionswhich gave sim-
ilar results [97]. Using TIR-FM, investigators have also
been able to study the delivery of exocytic vesicles to
the plasma membrane, to record the final stages of vesi-
cle fusion with the plasma membrane [98], and to study
the motion of cortical secretory granules in chromaffin
cells[99].

In summary, we have surveyed a range of micro-
scopic methods available for imaging phenomena in
biological systems with nanometer resolution. These
techniques are likely to unravel valuable information
regarding the organization and dynamics of moleculesin
membranes, leading to insights into biological function.
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FUTURE PERSPECTIVES

Asthe number of applications of conventional FRET
microscopy continuesto increase, thereisaparallel devel-
opment of novel fluorescent probes to enhance the appli-
cability and reliability of these methodologies. This
includes modifications in genetically encoded dyes, such
as GFP and its mutants [6,67,78,100], as well as non-
genetically encoded probes [58]. A significant develop-
ment in FRET donor dyesis the use of lanthanide atoms,
which offer the ability to measure distances as large as
10 nm and with a greater accuracy in measurements
[28,30,55,101]. For example, lanthanide-based FRET has
been used to measure relatively long distances (7—8 nm)
in myosin [101]. The concurrent development of novel
dyes and new imaging methodologies certainly bodes
well for the possibility of imaging on the nanometer
scalein living cells. The ability to locate fluorophores at
specific sites in proteins by site-directed mutagenesis to
incorporate noncanonical amino acids [102] or tetracys-
teine domains, coupled with the ability to label these sites
invivo [58], will certainly aid in understanding membrane
protein structure and dynamics at nanometer resolution.

All improvements in conventional fluorescence
microscopy have focused on a single theme of enhancing
the spatial/temporal resolution in visualization of processes
in living cells. The recent possibility of fluorescence
microscopy with significantly enhanced resolution, using
STED combined with TIR-FM to create spatialy con-
trolled excitation profiles[46], isapromising devel opment.
In addition to FRET measurements on an ensemble of
molecules, applications of FRET on a single-molecule
scale are finding their niche in combination with TIR-FM
and NSOM excitation strategies [65,103]. Along with the
ability to make diffusion measurements in living cells,
the potential of single-molecule imaging in living cellsis
heralding a new erain cellular biology. An important rea-
son for this isthe advancement in the technology of detec-
tion of fluorophores and advanced imaging systems.
Extremely sensitive, low-light detectors and sophisticated
image processing techniques are revolutionizing the field
of fluorescence microscopy to put it in arigorous quantita-
tiveframework as opposed to itsbeing amere visualization
tool. This has also allowed cdlular systems and processes
to be subjected to sophisticated theoretical modeling.
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